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ABSTRACT: We demonstrate a new nanoimaging platform
in which optical excitations generated by a low-energy electron
beam in an ultrathin scintillator are used as a noninvasive,
near-field optical scanning probe of an underlying sample. We
obtain optical images of Al nanostructures with 46 nm
resolution and validate the noninvasiveness of this approach by
imaging a conjugated polymer film otherwise incompatible
with electron microscopy due to electron-induced damage.
The high resolution, speed, and noninvasiveness of this
“cathodoluminescence-activated” platform also show promise
for super-resolution bioimaging.
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The emergence of far-field super-resolution techniques,
such as stochastic localization,1−4 stimulated emission

depletion (STED),5 and structured illumination6 microscopies
has revolutionized the fluorescence imaging of labeled bio-
logical structures. Yet, capturing nanoscale biological dynamics
and imaging systems using their endogenous chromophores
both remain challenging for these methods. Near-field optical
probes7−17 have proved valuable for the characterization of
complex structures and of processes in solid state materials, soft
matter, and biological samples that occur over length scales
smaller than the wavelength of light. In most variants of near-
field scanning optical microscopy (NSOM), an optical probe is
integrated with a scanning tip and rastered over a sample to
form an image. Yet, images acquired with NSOM require
mechanical scanning and can contain artifacts from tip−sample
interactions. On the other hand, in scanning electron
microscopy (SEM), a focused electron beam is electronically
scanned over a sample to obtain nanoscale images by
correlating the detected scattered electrons with the position
of the beam, recently achieving the resolution to image single
atoms.18 Traditional electron microscopy is incapable of
spectrally specific excitation and damages soft materials such
as biological samples. One can, however, detect light generated
in the sample by the electron beam in a process called
cathodoluminescence (CL), which has been used historically to
investigate the nanoscale properties of solid luminescent

materials19 and more recently to characterize a variety of
metallic nanostructures.20−24 New CL approaches have enabled
both mapping directional emission with angular-resolved
detection,25 spatially resolving carrier transport through
integration of electron and near-field optics,26,27 and hyper-
spectral imaging on the nanometer scale.28 CL has been used to
image biological samples. Yet, direct CL of stained dehydrated
samples29,30 did not hold up well to electron damage, and
although inorganic cathodoluminescent nanoparticle labels31−33

are more robust, imaging with nanoparticle labels remains
invasive because the electron beam must penetrate into the
sample, precluding repeated measurements or observations of
dynamics.
By contrast, to take advantage of the tight focus of an

electron beam for spectrally specific and noninvasive imaging,
our aim is to use optical excitations generated by a nanoscale
electron beam in a cathodoluminescent material above the
sample as a noninvasive, near-field optical scanning probe.
Although some efforts have been exploring using quantum dot
films34 or moderately cathodoluminescent materials35 to
generate hybrid electron and optical scanning probes, we
recently proposed to combine the nanoscale focus of electron
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beams with the noninvasiveness of optical approaches using
very bright ultrathin scintillating films composed of cerium-
doped yttrium aluminum perovskite (YAlO3:Ce, or YAP:Ce).

36

In our previous work, we prepared, characterized, and patterned
YAP:Ce films on solid substrates, though at that point the
presence of the underlying substrate precluded using these
scintillating films for imaging. We found that the YAP:Ce films
have a single CL emission peak centered at 370 nm, a 16 ns
excitation lifetime, high spatial uniformity of CL, as we show in
Supporting Information Figure S1, and a very low surface
roughness. Here, we report the first realization of our
noninvasive nanoimaging proposal by integrating this film
into an imaging device and using this device to capture its first
super-resolution imagesin this case, Al nanostructures and
conjugated polymer films. Using the fast-scanning capability of
the electron beam and the noninvasiveness that we achieve by
exciting only the scintillator film and not the sample itself with
the electrons, this CL-activated approach could be further
extended for imaging biological processes in crowded environ-
ments with nanoscale resolution, high contrast, and video frame
rates.

To create a nanoscale excitation spot in a YAP:Ce film, a
focused, low-energy (1−2 keV) electron beam in a SEM
scatters within the YAP:Ce film and locally excites the film’s
Ce3+ dopants (Figure 1a). To use the scintillator film as an
excitation source for noninvasive near-field nanoimaging, the
focused electron beam must access the film from one side while
the sample is positioned directly adjacent to the scintillator film
on the opposite side. As the result of our fabrication process, as
shown in Supporting Information Figure S2, the scintillating
film is supported by a Si frame and by buffer layers of 20 nm of
LaAlO3 and 5 unit cells of SrTiO3.

37−39 A SEM image of four
imaging “windows” fabricated on a silicon chip is shown in
Figure 1b. As the electron beam scans above the encapsulated
sample, light emitted from YAP:Ce on the Ce3+ allowed 4f−5d
transitions is collected by a parabolic mirror (Figure 1c) and
directed to a photomultiplier tube (PMT) or spectrometer. To
generate an image, the signal from the PMT is correlated with
the electron beam position. Due to the fast-scanning capability
of the electron beam, images can be acquired at rates
approaching those of other rapid imaging techniques, such as
dark-field scattering microscopy or total internal reflection

Figure 1. (a) Imaging chips consisting of a YAlO3:Ce scintillator film supported by LaAlO3 and SrTiO3 buffer layers and a Si frame. Al
nanostructures embedded in SiO2 are positioned below and directly against the scintillator film. The ProTEK B3 layer serves as a protective layer
during the Si wet etch. (b) Secondary electron (SE) image of the imaging device showing four separate “windows” for imaging. (c) Far-field radiation
emitted from the scintillator film is collected by a parabolic mirror positioned above the imaging chip and is then directed outside the scanning
electron microscope (SEM) to a photomultiplier tube (PMT) or spectrometer. (d) Close-up of the extent of electron scattering above a SiO2/Al
boundary demonstrates that the electrons do not interact directly with the Al, but excite the Ce3+ dopants in the YAP:Ce layer within the volume
delineated by the red dotted line. Atomic force microscopy (AFM) (e) and SE (f) images of the Al nanostructures deposited on YAP:Ce prior to
encapsulation in SiO2 show that they are 50 nm thick with a point-to-edge distance of approximately 270 nm.
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fluorescence (TIRF) microscopy. Unlike these techniques,
however, the electron-beam-induced lateral imaging resolution
is not restricted by the diffraction limit and the resolution in the
axial direction is defined by the near-field interactions between
the film and the sample to provide far better background
rejection than the evanescent field used in TIRF microscopy
(70−250 nm).
We call this imaging scheme “CL-activated imaging” because

the low-energy electrons excite the Ce3+ dopants in the YAP:Ce
film but do not penetrate into the sample beneath (Figure 1d).
Instead, the optical excitations in the film noninvasively interact
with the sample to produce contrast, which comes from
differences in the photoemission rates of the Ce3+ dopants or
the sample rather than differences in the number of scattered
electrons. The differences in Ce3+ emission arise due to
resonant energy transfer, which can in principle quench or
enhance the Ce3+ luminescence, depending on the nature of the
sample. Here, we first demonstrate in detail CL-activated
imaging of Al nanostructures via Ce3+ luminescence enhance-
ment and corroborate this contrast mechanism with simu-
lations. Alternatively, when the Ce3+ luminescence is quenched
via Förster resonance energy transfer (FRET) to a luminescent
sample, the red-shifted emission from the sample can
furthermore be correlated to the position of the electron
beam to form its own image in tandem with the image formed
from the scintillator luminescence. Second, we thus demon-
strate unequivocally the noninvasiveness of CL-activated
imaging on conjugated polymer films that are too delicate to
be directly imaged with an electron beam. We do so by forming
a CL-activated image of the polymer luminescence and by
showing that its intensity variation is spatially anticorrelated to
that of the tandem image formed from the scintillator CL. One
component of the polymer film quenches Ce3+ luminescence

via FRET, as evidenced by its own spatially anticorrelated
luminescence.
First, we demonstrate CL-activated imaging of Al nanostruc-

tures encapsulated in SiO2 directly below the YAP:Ce film
(Figure 1a). The Al nanostructures are 50 nm thick roughly
triangular prisms and have a point-to-edge distance of
approximately 270 nm, as determined before encapsulation
by atomic force microscopy (AFM) (Figure 1e) and SEM
(Figure 1f). They demonstrate the characteristic pattern of
triangular nanostructures generated with nanosphere lithog-
raphy. A CL-activated image resolving Al nanostructures
embedded under the YAP:Ce with a 1.8 kV, 1.2 nA electron
beam is shown in Figure 2a. The inset shows a higher
magnification CL image of an arrangement of six nanostruc-
tures and the corresponding SEM secondary electron (SE)
image. Because primary electrons do not reach the Al
nanostructures, no additional detectable SEs are generated
due to the presence of Al, and the Al nanostructures are not
visible in the SE image. Spectra from the yellow- and red-boxed
regions of the CL image are shown in Figure 2b. Clearly, when
the electron beam is positioned above an Al nanostructure, the
collected far-field radiation from the YAP:Ce film increases
relative to an area with no Al. Our imaging approach, thus,
enables nanoscale mapping of underlying samples by using the
scintillating film as a high-resolution optical transducer that
prevents electrons from reaching the sample.
Characterizing this new imaging approach requires quantify-

ing the resolution and contrast obtained in the CL-activated
images. To determine our spatial resolution at 1.8 kV, we
consider the YAP:Ce luminescence measured along the yellow
line across the edge of an Al nanostructure (Figure 2c). The
80/20 width of the corresponding line-cut is 46 nm (Figure
2d), which is well below the diffraction limit. The luminescence
intensity collected above the Al nanostructures is distinct from

Figure 2. (a) Cathodoluminescence (CL)-activated image of Al nanostructures under the YAP:Ce scintillator film (scale bar, 1.0 μm). The inset
shows a CL-activated image of a cluster of six Al nanostructures and the corresponding secondary electron (SE) image. (b) CL spectra of an area
above an Al nanostructure (red) and an area with no Al nanostructure present (yellow), which correspond to the red and yellow boxes in part a,
respectively. (c) CL-activated image of a single Al nanostructure. (d) Line-cut corresponding to the yellow line in the CL-activated image in panel c
over the edge of a nanostructure, with a sigmoidal fit shown in red. The 80/20 width is 46 nm. (e) Photoluminescence (PL) lifetime measurements
of YAP:Ce thin film (blue) and YAP:Ce thin film over an array of Al nanostructures (red). An additional 7.8 ns contribution to the PL decay emerges
when the Al nanostructures are present in addition to the isolated YAP:Ce PL lifetime of 16.1 ns. The PL instrument response function (IRF) is
indicated in gray.
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that collected above SiO2, so that the nanostructures are easily
discerned from background luminescence. The combination of
high resolution and high contrast thus demonstrates the
viability of CL-activated imaging.
The high contrast and resolution of our imaging platform

results from the near-field interactions between Ce3+ dopants in
the scintillating film and the adjacent Al nanostructures. We
elucidate the nature of these interactions with a combination of
time-resolved photoluminescence (PL), spectrally resolved CL,
control imaging measurements, and finite-difference time-
domain (FDTD) simulations. As shown in Figure 2e, an
additional 7.8 ns contribution to the PL decay of YAP:Ce
(typically 16.1 ns) emerges when the Al nanostructures are
present. When the electron beam is positioned over an Al
nanostructure in our imaging configuration, the luminescence
approximately doubles (Figure 2b). Furthermore, a “control”
imaging chip identical to that shown in Figure 1a, but without
YAP:Ce, was also studied. No detectable luminescence from
the Al nanostructures was observed up to an accelerating
voltage of 5.0 kV, implying that the observed enhancement at
1.8 kV cannot be caused by direct electron excitation.
In addition to these experimental observations, a model of a

CL line-cut across an entire Al nanostructure, obtained with
FDTD simulations, agrees with the corresponding experimental
line-cut through our CL image (Figure 3). The orientation of

the nanostructure in the CL image was determined based on its
position with respect to adjacent Al nanostructures. To
simulate the experimental line-cut, we modeled the lumines-
cence of a single radiating Ce3+ dipole placed above an Al
nanostructure, and we scanned its position in 20 nm
increments along a 750 nm long line running through the
edge, center, and tip of the nanostructure at a range of heights
above the scintillator-sample interface. At each point, and for
three orthogonal dipole orientations, the radiative enhancement
factor was calculated based on the radiative power flux through
a surface positioned above the dipole to mimic light collection.

To mimic the fact that the electron beam activates a
distribution of Ce3+ dopants, a weighted average of the
radiative enhancement of a three-dimensional distribution of
dipoles centered on a given pixel’s beam center position was
calculated (see Supporting Information Figure S3). The
resulting line-cut from the FDTD simulations matches both
the width and shape of the experimental line-cut (Figure 3).
The above experimental and theoretical observations are

consistent with the following physical interpretation based on
the fact that the detected luminescence from the Ce3+ dopants
in the scanned excitation volume of the YAP:Ce film maps the
electromagnetic density of states (LDOS) over top of the Al
nanostructure.40−50 Depending on the location of a given Ce3+

relative to an Al nanostructure, its emission could be enhanced,
quenched, or even possibly reflected. The total Ce3+

luminescence collected over the course of a pixel dwell-time
is altered in proximity to the Al nanostructures because a Ce3+

transition dipole induces a macroscopic polarization in the
nearby metal nanostructure.40 The in-phase contribution to this
polarization increases the Ce3+ emission rate and amplitude. A
significant portion of the enhancement that we observe could
arise from the edges and vertices of the Al nanostructure. For
example, the shoulder peak on the right-hand side of the
experimental line-cut in Figure 3 is reproduced in our FDTD
simulations due to a higher degree of enhancement from the Al
nanostructure vertex. Separately, a subpopulation of Ce3+

emitters closest to the Al surface may be quenched. Both
enhancement and quenching effects could lead to the observed
shortened lifetime component in Figure 2e. The excitation
energy in the near-field of some Ce3+ dopants further away
(∼10−15 nm from the surface) could, in principle, be radiated
and detected in the far field through “reflection” off of the Al
surface due to induced optical oscillations of bound electrons,
though such reflection cannot entirely account for the observed
increase in detected CL over top of the Al structures or for the
shortened PL lifetime component. The enhancement along the
perimeter of the nanostructure is well-resolved in the FDTD
simulations of individual Ce3+ emitters nearby the nanostruc-
ture (Supporting Information Figure S3); the enhancement
once averaged over the multiple emitters present in the electron
beam excitation volume and plotted in Figure 3 is less
pronounced along the perimeter of the structure. Yet, the fact
that the simulations agree well with our experimental
observations and also resolve the CL enhancement along the
perimeter of the nanostructure shows that reflection alone
cannot be responsible for the contrast in our experimental CL-
activated images. In any case, each of these possible
enhancement, quenching, and “reflective” contributions to the
observed signal is a manifestation of a near-field interaction
between the Al nanostructure sample and the scintillating film
that can give rise to subdiffraction imaging contrast.
The near-field imaging mechanism also explains the

measured spatial resolution, which results from convolving
the electron beam excitation volume in the scintillator (∼20 nm
across36) with the distance-dependent profile of the electro-
magnetic interaction between the nanostructure and a single
Ce3+ emitter, as shown in Supporting Information Figure S3. As
such, the measurable resolution for imaging this particular type
of nanostructure is likely lower than the resolution achievable
with other samples. Regardless, our resolution, signal-to-noise
ratio, and contrast, in addition to the advantage of avoiding
mechanical scanning, demonstrate that CL-activation is a
promising alternative to other imaging approaches.

Figure 3. Experimental line-cut from edge to tip of an Al
nanostructure (green) and the simulated FDTD line cut (blue). The
dots on the simulated line-cut indicate the location of the center of the
modeled dipole distribution for each position on the line-cut. The
yellow line in the inset CL-activated image indicates the position of the
experimental line-cut. The directionality of the line-cut is known due
to the relative position of the metal nanoparticles with respect to one
another in nanosphere lithography, as shown in Figure 1.
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Further optimization of our nanoimaging could be achieved
by adjusting the electron accelerating voltage and scintillator
film thickness, because both impact the contrast and resolution
of the acquired images through the spatial distribution of Ce3+

excitations in the scintillator. To characterize how the imaging
contrast depends on Ce3+ activation at different electron
penetration depths into the YAP:Ce film, images of Al

nanostructures were acquired at accelerating voltages ranging
from 1.0 to 3.0 kV. A plot of the CL enhancement factor versus
accelerating voltage is shown in Figure 4a, with representative
images in Figure 4b−e at 1.0 kV, 1.6 kV, 2.2 kV, and 2.8 kV,
respectively. Here, the enhancement factor represents the Ce3+

CL intensity measured above the Al nanostructures as
compared to baseline YAP:Ce CL levels at each measured

Figure 4. (a) Plot of the enhancement factor versus the electron beam accelerating voltage. As the accelerating voltage increases, the enhancement
factor increases linearly (1.0−2.0 kV) and then plateaus (2.0−3.0 kV). (b)−(e) Representative images at 1.0, 1.6, 2.2, and 2.8 kV, respectively. (f)
Monte Carlo simulations of electron trajectories at 1.0 kV, 1.8 kV, and 2.2 kV. At 1.8 kV, the enhancement factor is within error of the plateau value
and the electrons do not penetrate past the interface between the YAP:Ce film and the Al nanostructures.

Figure 5. (a) Schematic showing the geometry for imaging a luminescent polymer film. (b) CL-activated image of scintillator film quenching due to
the presence of the adjacent luminescent polymer sample. (c) CL-activated image of emission from the luminescent polymer (PFO). The
anticorrelation of panels b and c demonstrates that quenching of the scintillator film in the presence of the polymer is proportional to energy transfer
from the scintillator film to the polymer, resulting in polymer emission. (d) YAP:Ce film CL emission is shown in purple, the overlapping absorption
of the PFO luminescent polymer is shown in blue, and its photoluminescence (PL) emission is shown in green. (e) Fluorescence lifetime of YAP:Ce
(purple) decreasing in the presence of PFO (green). The instrument response function (IRF) is shown in gray. (f) line-cut of the image in panel b at
the position of the yellow line has an 80/20 width of 68 nm.
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accelerating voltage (see Supporting Information Figure S4).
The enhancement factor increases linearly as the accelerating
voltage increases from 1.0 to 2.0 kV, and it plateaus beyond 2.0
kV. By consulting Monte Carlo simulations51 (Figure 4f) of
elastic and inelastic electron scattering as a function of
accelerating voltage, we attribute the linear increase in Figure
4a to a progressive increase in the number of activated Ce3+

emitters that are located close enough to the Al nanostructure
to be enhanced. More of these dopants are reached and excited
as the electrons penetrate deeper into the film. Thus, between
1.0 and 2.0 kV the signal-to-noise ratio and enhancement factor
both improve. Yet, beyond 2.0 kV, the enhancement factor
plateaus because there are no additional Ce3+ to be excited. The
plateau could also be caused by a balance of CL enhancement
of some Ce3+ emitters and CL quenching of others closer to the
Al surface. In any case, the Monte Carlo simulation at 1.8 kV
shows that very few electrons reach the Al even though they
approach the interface. Thus, moving toward more delicate
samples, 1.8 kV would be the ideal accelerating voltage at this
film thickness because the near-field interaction is maximized
with a very low probability of electrons interacting directly with
the sample (see Supporting Information Figures S5 and S6).
Although our imaging study of Al nanostructures enables us

to determine the measurement parameters required for
noninvasive imaging, we chose to demonstrate unequivocally
that CL-activated imaging can be successfully used to measure
more delicate samples that could not be imaged with traditional
CL microscopy. To show that CL-activated nanoimaging can
also be performed on soft materials that are easily damaged by
direct excitation with an electron beam, a conjugated polymer
blend of polyfluorene (PFO) and poly(9,9-dioctylfluorene-alt-
benzothiadiazole) (F8BT), as one might find in bulk
heterojunction organic solar cells,52 was encapsulated for
imaging using a scheme similar to that used with the Al
nanostructures (Figure 5a). Here, the imaging contrast
mechanism relies on FRET between the scintillator (donor)
and the PFO in the polymer film (acceptor), which is facilitated
by physical proximity and by strong spectral overlap between
donor emission and acceptor absorption (Figure 5d). This
near-field, nonradiative transfer of excitation energy from donor
to acceptor requires that the amount of luminescence
originating from a spot in the polymer film should be
accompanied by a proportional decrease in the amount of
luminescence from the adjacent spot in the scintillator, which is
precisely what we observe. By recording in parallel the emission
of YAP:Ce (Figure 5b) and the red-shifted emission of PFO
(Figure 5c), we find that the spatial maps of polymer and
scintillator emission are anticorrelated in intensity. Areas of low
CL emission in Figure 5b appear where the scintillator film can
transfer significant excitation energy to nearby PFO; the
corresponding regions in Figure 5c PFO channel are very
bright. In contrast, high intensity YAP:Ce luminescence areas
show that PFO is too far from the YAP:Ce surface for
significant amounts of energy transfer to occur, and correspond
to regions of low intensity in Figure 5c. Our contrast
mechanism interpretation is supported by the time-resolved
PL measurements in Figure 5e that show that the YAP:Ce
lifetime is reduced from 16.5 to 10.2 ns when PFO is applied to
the surface. Additionally, a line-cut across a gradient in
luminescence in Figure 5b has an 80/20 width of 68 nm
(Figure 5f), which is well below the diffraction limit and is thus
consistent with a near-field, rather than far-field, interaction
between the scintillator and polymer film. The intensity

variations observed on this length scale could be due to ripples
in the film surface or due to the presence of F8BT, which could
also act as a FRET acceptor to PFO. Importantly, these images
also demonstrate that CL-activated imaging is nondamaging to
soft materials. By contrast, attempts at direct imaging of similar
polymer films with an electron beam do not yield CL images
due to instantaneous bleaching of the organic chromophores
upon interaction with the electrons.
In sum, we have introduced subdiffraction optical imaging

using a CL-activated near-field scanning optical microscopy that
employs the nanoscale excitation volume generated by a low-
energy electron beam in a thin YAP:Ce scintillator film. We
have demonstrated its capability by mapping the luminescence
enhancement of Ce3+ dopants in the scintillator film due to the
presence of Al nanostructures with 46 nm resolution and by
mapping the Ce3+ luminescence quenching in tandem with the
luminescence of conjugated polymers with 68 nm resolution.
Because CL-activated nanoimaging maps how the presence of
the sample affects the emission of nearby Ce3+ emitters, this
approach provides information that is complementary to typical
electron imaging techniques used to study the optical
properties of nanostructures. For example, the more highly
spatially resolved electron energy loss spectroscopy and direct
CL measurements both rely on direct interactions between
electrons and the sample. We have shown, however, that CL-
activated imaging can additionally resolve nanoscale features in
materials that cannot be imaged using these traditional electron
microscopies due to damage induced by direct electron
excitation. In particular, we have demonstrated that the Ce3+

luminescent centers excited by an electron beam can transfer
energy via FRET to samples with endogenous chromophores
such as polymer blends, whose red-shifted emission is
correlated with the position of the electron beam to form an
image. Furthermore, our CL-activated approach can be used for
nanoimaging of a large class of samples with endogenous
chromophores, such as soft, functional materials found, for
example, in organic and hybrid organic−inorganic solar cells
and light emitting diodes. This capability puts it at a great
advantage over traditional super-resolution fluorescence mi-
croscopy, whose average spatial resolutions are comparable, in
situations where one cannot use exogenous fluorescent or
photoswitchable labels.
Moreover, by fabricating free-standing membranes of

YAP:Ce, we could create an imaging device that also serves
as a liquid sample cell containing biomolecules, where the
YAP:Ce free-standing film would act as a barrier between the
vacuum environment of the SEM and the aqueous environment
of the sample. In this fashion, the YAP:Ce film could FRET to
the sample’s spectrally compatible fluorescent labels in the
same way that we have shown with the polymer film.
Specifically, small dye molecules or fluorescent proteins
conjugated to the biomolecules of interest should couple to
the scintillator film in precisely the same way as do the
chromophores in the polymer film. Using this cell in
combination with the fast-scanning capability of the electron
beam, one could resolve the real-time dynamics of biomolecular
interactions under physiological conditions and at their
characteristic length scales. For example, the nanoscale
dynamics of deoxyribonucleic acid (DNA) repair could be
visualized by tethering DNA to the surface of the scintillator
film and imaging a labeled protein diffusing in one-dimension
along the DNA. One could also observe the two-dimensional
diffusion of labeled membrane proteins on a crowded lipid
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membrane or the light-induced reorganization of protein
complexes in a densely packed thylakoid membrane to unravel
the regulation of energy flow in photosynthesis.
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